Since the production of Robert Hooke's intricate diagrams of the microcomos in the mid-seventeenth century (Hooke, 1665) , the use of the light microscope has undergone a technological revolution. Techniques and optics have greatly advanced, allowing us not only to describe the morphology of a specimen but also to probe the movement and dynamics of proteins and organelles within the cell. One of the most significant molecular and genetic advancements has been the isolation, engineering, and use of green fluorescent protein (GFP) to allow the visualization of protein fusions. In 2008, the impact GFP has had on cell biology was recognized by awarding the Nobel prize in Chemistry to the scientists involved in the pioneering initial discovery and development of its use as a fluorescent molecular tag. GFP was isolated from the jellyfish Aequorea victoria and has been expressed in a wide range of organisms including several species of plant. Subsequent engineering of GFP has resulted in multiple fluorophores with differing excitation/emission spectra allowing the visualization of two protein fusions (dual imaging) in the same cell (Shaner et al., 2007) . There are numerous fluorescent protein fusions readily available to light up any organelle (Nelson et al., 2007; Geldner et al., 2009) , and the generation of fusions can easily be produced using the available binary vectors (Karimi et al., 2007) .
This commentary briefly summarizes laser-based microscopy techniques which have expanded beyond the pure analysis of protein localization and steady-state levels, gene expression or organelle movement to allow the quantitative studies of protein and organelle dynamics.
Bleach it, switch it: photobleaching, photoactivation, and photoconvertible proteins At the subcellular level (from organelle to protein), plants are extremely dynamic. Protein dynamics can readily be assessed in vivo through photobleaching, photoactivation, and photoswitching. The general principle for these techniques is that the excitation and emission properties of a fluorophore can be altered with a light source such as a laser.
In photobleaching experiments, a high intensity laser is used to affect an irreversible structural change in conventional GFP or its derivatives to stop the fluorophore emitting fluorescence (Swift and Trinkle-Mulcahy, 2004) . Once a selected fluorescent region in a cell has been photobleached, the fluorescence drops dramatically. Over time, fluorescence recovery after photobleaching (FRAP) can be observed, which is due to unbleached fluorescent protein exchanging with bleached molecules resulting in the recovery of fluorescence in the bleached area (Fig. 1A) . Protein mobility can be observed in a similar manner using photoactivatable GFP (PAGFP) (Fig. 1B) (Lippincott-Schwartz and Patterson, 2009 ). Irradiation of PAGFP with ultraviolet light results in an irreversible, dramatic increase in the fluorescence, resulting in a detectable signal. Therefore, rather than observing the recovery of fluorescence into the bleached area, the movement of photoactivated molecules away from the activation spot is assessed.
Studying the dynamics of membrane-intrinsic proteins, for instance, reveals information about the physical properties of the membrane, such as fluidity and protein crowding, as well as structural and functional properties of the protein itself. Parameters commonly analysed to characterize protein mobility in photobleaching and photoactivation experiments include mobile fraction and half-time of recovery (Ward and Brandizzi, 2004; Held et al., 2008) . The mobile fraction denotes the subpopulation of a fluorescent fusion protein pool that is moving in the membranes. Vice versa, the immobile fraction is the subpopulation of non-moving fluorescent fusion proteins, which is affected by strong binding interactions that cause the protein to be immobilized in the membranes (Fig. 1C, D) . The half-time is a measure of the speed of movement with which proteins in the mobile fraction move around (Fig. 1C, D) . These are affected by various parameters such as membrane fluidity, protein crowding, and weak protein binding interactions (Sprague and McNelly, 2005) .
These techniques have highlighted the mobility of proteins in several membranes and the trafficking of proteins between organelles in planta. For instance, nuclear envelope proteins AtSUN1 and AtSUN2 mobilities appear to be dependent on interactions with nucleoplasmic components (Graumann et al., 2010) ; the surface of the cortical ER is motile, and appears to move in a similar vectorial manner to overlying Golgi bodies (Runions et al., 2006; Sparkes et al., 2009a) ; protein transport between the ER and Golgi bodies is independent of an intact cytoskeleton but dependent on energy (Brandizzi et al., 2002) ; movement of protein from epidermal cells into trichomes is unidirectional (Christensen et al., 2009) .
Unlike photoactivatable proteins, photoconvertible fluorophores emit fluorescence upon excitation in a similar manner to conventional fluorophores (Lippincott-Schwartz and Patterson, 2009) . Upon photoconversion with a particular wavelength a shift in the emission wavelength of the photoconverted pool of protein occurs, allowing detection of both converted and unconverted populations in the same cell. These fluorescent probes can therefore be used to track protein subpopulations, individual organelle movements over prolonged periods, and organelle division and biogenesis. In a recent study, Brown et al. (2010) used the green-to-red photoconvertible fluorescent protein Kaede fused to a Golgi marker to investigate membrane protein turnover of whole Golgi bodies and to look at the origin of membranes during cell plate formation.
Recently, a wide number of reversibly photoswitchable and both irreversibly and reversibly photoconvertible fluorophores have been developed (Lippincott-Schwartz and Patterson, 2009 ). One such reversible photoswitching protein is Dronpa. The fluorophore is activated with a 405 nm laser and switched off with a 488 nm laser. Using Dronpa, Toyooka and Matsuoka (2009) investigated the dynamics of secretory membrane carrier protein two (SCAMP2) in the plasma membrane and cell plate of cultured tobacco cells.
Bounce it: TIRF and VAEM
Total internal reflection fluorescence (TIRF) microscopy relies on the generation of an evanescent wave at the interface between two media with differing refractive indices such as the coverslip and water/mountant. The evanescent wave or electromagnetic field has the same frequency as the excitation light. However, the intensity has an exponential decay ultimately resulting in excitation of fluorophores within a spatially restricted distance from the field in the z-axis, usually less than 400 nm. This spatial restriction increases the signal-to-noise ratio of fluorescent fusions within the thin optical section as it reduces the effective 'noise' from fluorophores outside of the region and therefore increases the spatial resolution (Goodin et al., 2007) .
In conventional laser scanning confocal microscopy, the laser beam is focused through the tissue (perpendicular to the sample; Fig. 2A ) whereas in TIRF the laser beam 'bounces' or is reflected off the surface at a critical angle (Fig. 2B ). Theoretically, TIRF should not be possible in plant cells because the evanescent wave would not penetrate through the 200-400 nm cell wall (C Hawes, personal communication) to the underlying plasma membrane and cell cortex. Recently, a fluorescent plasma membrane marker has been imaged in both Arabidopsis and tobacco leaf epidermal cells using a TIRF set-up (Fig. 3) . Whilst it appeared that the laser beam was being reflected, it is unclear at this time whether the images represent true TIRF or Variable Angle Epifluorescence Microscopy (VAEM; Fig. 2C ) owing to the issue of cell wall penetration. One plausible explanation could be that the refractive index of the cell wall approaches that of the coverslip, and so the evanescent wave is generated between the cell wall and plasma membrane rather than the more traditional coverslip and plasma membrane scenario (C Hawes, personal communication).
The incident light (laser beam) in VAEM is oblique to the sample (Fig. 2C) and is a powerful technique as it reduces the signal-to-noise ratio allowing increased spatial resolution in a similar manner to TIRF . Using VAEM, have visualized many markers in planta (cytoskeletal, plasma membrane, Images of eGFP-Lti6b prior to bleach, upon bleach, and during recovery were taken and the recovery dynamics of 'new' fluorescent molecules into the bleached area monitored and plotted (C). Similarly, a photoactivatable GFP-Lti6b transgenic line was subjected to activation and the movement of 'activated' fluorescent molecules measured (B) and plotted (D). In both instances, the percentage of molecules unable to recover (immobile fraction) was around 40% indicating that both techniques are complementary when monitoring protein dynamics. Scale bar, 10 lm. organelle), and have shown that DRP1C (isoform C of DYNAMIN-RELATED PROTEIN1) locates to discrete foci and has similar dynamics to clathrin foci in the plasma membrane, suggestive of a role in endocytosis. Actin dynamics have also been visualized and characterized by VAEM (Staiger et al., 2009 (Staiger et al., , 2010 .
Pull it: optical tweezers
Focused infrared laser beams can be utilized to physically 'trap' and micromanipulate subcellular structures. This phenomenon is called optical trapping by laser tweezers.
Laser beams generate a stream of photons distributed in a Gaussian intensity profile. When the trajectory of a photon is changed, due to a differing refractive index, the momentum it possesses is passed onto the object resulting in a radiative pressure force acting on the object. Using a focused infrared laser beam, optical tweezers use these basic principles to trap objects with a differing refractive index to the surrounding media allowing subsequent micromanipulation in the X, Y, and Z planes. The forces generated are in the piconewton range, but are sufficient to trap objects in the micron range if they differ significantly in refractive index from the surrounding cytoplasm .
Using optical tweezers, the intimate physical relationship between Golgi bodies and the ER has been shown (Sparkes et al., 2009b) . Upon trapping the Golgi body, the ER follows the path of the micromanipulated organelle to generate new tubules and a fixed geometric network (Fig. 4) . Other applications include the assessment of the relative roles of actin and myosin in cytoplasmic stiffness (van der Honing et al., 2009), the role of nuclear positioning in root hair growth (Ketelaar et al., 2002) , and evaluation of physical connections between chloroplasts and the ER (Andersson et al., 2007) .
Protein interactions in planta: FRET/FLIM/ BiFC
A number of fluorescent protein techniques are now available to study protein interactions in planta. These techniques are becoming increasingly important to complement in vitro techniques like yeast two-hybrid screening or Fig. 2 . Schematic representation of epifluorescence microscopy, TIRF, and VAEM. In conventional epifluorescence microscopy the laser beam is focused perpendicular to the sample through the glass coverslip potentially exciting all the fluorescent molecules in the depth of the cell (A). In TIRF (Total Internal Reflection Fluorescence) microscopy, laser beams are reflected at the interface between two media with different refractive indices. Molecules within 400 nm are excited by the resulting evanescent wave (B). In variable angle epifluorescence microscopy (VAEM), laser beams enter the cell at variable angles and similar to TIRF, only molecules within range of the beams are excited. CW¼cell wall, PM¼plasma membrane, V¼vesicle. Fig. 3 . TIRF/VAEM image of eGFP-Lti6b, a plant plasma membrane marker, in leaf epidermal cells from a transgenic Arabidopsis plant. eGFP-Lti6b appears to be homogenously distributed in the plasma membrane under conventional confocal microscopy imaging (A). Under TIRF/VAEM the same marker indicates substructure or discrete focal sites in the plasma membrane (B). These structures are undetectable under conventional confocal microscopy due to a lower signal-to-noise ratio (compare A with B). Scale bar, 10 lm.
co-immunoprecipitations, as they take the intracellular location of potential binding partners into account. A pair of proteins might bind each other in an in vitro environment but might be spatially separated in different cell compartments and therefore never interact in vivo. The most commonly used technique is based on the measurement of energy transfer between a donor and an acceptor fluorophore, each fused to potential interaction partners. In order for Fö rster or fluorescence resonance energy transfer (FRET) to occur, the two fluorophores need to be in very close proximity of 1-10 nm, a distance which would indicate interaction between the two proteins of interest. They also need to show a sufficiently large spectral overlap between the donor emission spectrum and acceptor absorption spectrum and a favourable orientation to each other ( Fig. 5A ; Wallrabe and Periasamy, 2005) . In the event of protein interaction, energy is non-radiatively transferred from the donor to the acceptor fluorophore, leading to quenching of donor fluorescence and an increase in acceptor fluorescence (Fig. 5B) . To avoid FRET signal contamination caused by the spectral overlap between the two fluorophores (also known as spectral bleed-through), the acceptor generally is photobleached and the increase in donor fluorescence is measured (acceptor photobleaching FRET; Swift and Trinkle-Mulcahy, 2004) .
In the last few years a new method has emerged that combines FRET with fluorescence lifetime imaging (FLIM; Wallrabe and Periasamy, 2005; Swift and Trinkle-Mulcahy, 2004) and has been applied successfully in planta (Held et al., 2008) . A fluorophore has a unique lifetime which is defined as the average time that a molecule remains in an excited state before returning to the ground state (Chen et al., 2003) . It is not affected by fluorophore concentration levels or excitation intensity and spectral bleed-through does not constitute a problem as only the donor lifetime is measured (Wallrabe and Periasamy, 2005) . However, the lifetime can be influenced by changes in temperature, pH, calcium ion concentration, and the occurrence of FRET (Chen et al., 2003) . Quenching of the donor fluorophore lifetime indicates interaction with the acceptor fluorophore. The difference between the average GFP lifetime of the control expressed alone and in combination with a putative interacting partner can be quantified and visualized with a false-coloured lifetime map of the whole cell (Fig. 6) . Interestingly, FRET-FLIM can provide additional spatial and temporal information about protein interactions which might not be obvious with other techniques. When studying protein interactions between Golgi-localized tethering factors and small regulatory GTPases it was found that, in some cases, a reduction of GFP lifetime only occurred in a subset of Golgi bodies (Osterrieder et al., 2009) . This surprising observation might indicate either transient interactions or possibly the existence of distinct Golgi body subpopulations and clearly demonstrates the potential of FLIM at the whole cell level.
An alternative method to visualize protein-protein interactions in planta is bimolecular fluorescence complementation (BiFC). In this assay a fluorophore is split into two nonfunctional halves, which are fused to the N-and C-terminus of two proteins of interest, respectively (Bhat et al., 2006) . Upon protein interaction the fragments come into close proximity and the fluorescent protein is reconstituted, resulting in a fluorescent signal, which can be visualized using confocal laser scanning microscopy (Fig. 5C ). Due to the availability of a large fluorophore range it has even been possible to study multiprotein complexes simultaneously in a single cell using fragments of different fluorophores to perform multicolour BiFC (mcBiFC; Weinthal and Tzfira, 2009) . Furthermore, by combining BiFC and FRET-FLIM, protein interactions can be studied in more depth and at a more complex level, as has been demonstrated by Kwaaitaal et al. (2010) , who were able to visualize the formation of a ternary SNARE complex. By expressing spatially restricted fluorophore halves, BiFC can also be used to determine membrane protein topology .
Conclusions and future perspectives
Interdisciplinary approaches between biologists, physicists, and mathematicians are generating exciting new 'super resolution' tools such as stimulated emission depletion microscopy (STED), photoactivation localization microscopy (PALM), and structured illumination microscopy (SIM) (Fitzgibbon et al., 2010) . These systems have increased spatial resolution, but are currently limited at the level of temporal resolution (scan speed) and have yet to be universally adopted by the plant cell biology community.
It is also worth noting that additional fluorescent probes not covered in this review allow users to monitor the subcellular environment (e.g. redox status with RoGFP, and ion concentrations including cameleon for Ca 2+ , clomeleon for Cl -, and pH measurements using pHluorin to monitor levels of H + ), and determine protein topology (RoGFP, BiFC) in a non-invasive manner. Ongoing efforts to generate even smaller probes to help reduce potential steric hinderance in protein fusions and to allow passage through tightly gated channels are also under development (Quantum dots, iLOV; Chapman et al., 2008) . Ultimately, commercially available systems combining several techniques will allow for enhanced quantification of cellular events, and provide increased capacity for a larger researcher base rather than the select few. Undoubtedly, new techniques and tools developed from interdisciplinary research will remove some of the current limitations of microscopy, increase both temporal and spatial resolution, and allow better quantification to unlock more of nature's secrets.
